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Surface analysis is critical for the validation of microfluidic surface modifications

for biology, chemistry, and physics applications. However, until now quantitative

analytical methods have mostly been focused on open surfaces. Here, we present a

new fluorescence imaging method to directly measure the surface coverage of

functional groups inside assembled microchannels over a wide dynamic range. A

key advance of our work is the elimination of self-quenching to obtain a linear

signal even with a high density of functional groups. This method is applied to

image the density and monitor the stability of vapor deposited silane layers in

bonded silicon/glass micro- and nanochannels. VC 2013 AIP Publishing LLC
[http://dx.doi.org/10.1063/1.4802270]

I. INTRODUCTION

Microfluidic devices are continually being developed as platforms for diagnostics and

biochemical analysis as they provide many advantages in terms of sample consumption, liquid

handling precision and throughput.1,2 Surface functionalization is often critical to the functionality

of microfluidic devices in these applications. For example, surface immobilization of DNA3 or

proteins4 recognizing specific ligands is required in label-free biosensors and microfluidic immu-

noassays.5,6 Conversely, surface attachment of molecules which reduce non-specific binding is

often crucial in biomolecular separation and pre-concentration.7 As such, surface functionalization

plays a key role in preserving the activity of complex molecules and needs to be well character-

ized and reproducible. In this paper, we describe a new fluorescence imaging method for the

characterization of surface modifications inside assembled micro- and nanofluidic channels.

Common non-covalent surface modification strategies which have been employed in the

context of microfluidic devices include physisorption of polyelectrolytes8 or natural adhesive

groups, such as 3,4-dihydroxy-L-phenylalanine (DOPA),9 and the self-assembly of lipid bilayers

and thiols.10–12 These non-covalent linkers are attractive due to their ease of use in microfluidic

systems by one-step flow-through delivery. Nevertheless, covalent coupling is often preferred

when high stability of the surface or a high density of functional groups is required. Silane cou-

pling agents have gained widespread popularity as covalent linkers that can be used for the

functionalization of silicon, glass, and polymers commonly used in microfluidics.13–17 However,

the reproducible deposition of high-quality silane layers inside microfluidic channels is often

difficult, especially to researchers new to the field.13 This is predominantly due to the combina-

tion of experimental challenges associated with flow-through systems and a simultaneous short-

age of surface analysis methods able to provide validation and feedback in closed microfluidic
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systems. First among the experimental challenges is the requirement for clean surfaces and high

purity reagents. Both are not always trivial to ensure in microfluidics, as assembled channel

surfaces cannot be as easily rinsed, dried, and plasma-cleaned as open samples. Flow-through

systems are also more susceptible to cross-contamination of reagents by dispersion in external

tubing and connections, and they are highly susceptible to clogging by particulates that would

not be of concern in open systems.

Many of these challenges associated with the silane modification of microfluidic systems

can be overcome by systematic optimization of protocols and the chemistry involved. Yet, such

systematic optimization requires accurate means of characterization, and current surface analy-

sis methods are not able to provide this feedback due to the inaccessible nature of assembled

microfluidic channels. Routine methods used for the characterization of open surfaces include

atomic force microscopy (AFM),18 X-ray photoelectron spectroscopy (XPS),19 contact angle

measurement and ellipsometry,20 which cannot be readily implemented in the microfluidic sys-

tem. Previous studies have demonstrated silane layer characterization for microfluidic applica-

tions after silanization but before bonding/closing of the channels.21,22 However, this method

alters the bonding chemistry and potentially compromises the strength or uniformity of the

bond. In addition, pre-bonding characterization methods do not allow for the monitoring of

regenerated microchannel surfaces.

Surface characterization may also be performed using surface plasmon resonance (SPR),23

wavelength interrogated optical sensors (OWS),24 and quartz crystal microbalance (QCM).25

However, these methods cannot provide measurements inside already assembled micro- and

nanofluidic channels, unless the fluidic device has been engineered specifically for that purpose.

Alternatively, methods based on cleavable labels that are quantified using spectroscopy are also

limited due to the small number of molecules in the microfluidic eluent.26,27 Furthermore, such

methods provide no information about spatial homogeneity and the presence of aggregates. In

contrast, fluorescence microscopy is a widely applicable detection method with high sensitivity

and ease of use.3,6,27 The binding of fluorescent ligands has been commonly used for verifying

surface functionalization.14,28 However, these studies have only qualitatively compared silanized

and non-silanized surfaces, but have not quantified the fluorescent intensity of the resulting

layers.20,29–31 Fluorescence Recovery after Photobleaching (FRAP) has been used previously to

characterize lipid coatings on solid surfaces with only a subset of the lipids fluorescently

labeled.12 Nonetheless, this method cannot be applied to non-lipid coatings, such as organosi-

lanes, as the functional groups are not mobile. In addition, an important problem in quantitative

fluorescence-based measurements in non-lipid systems is the non-linearity of fluorescence inten-

sity introduced by self-quenching at high dye concentration.32,33

Here, we demonstrate a new method, which enables quantitative measurements of surface

functional group density in micro- and nanofluidic channels by fluorescence microscopy. The

new method overcomes self-quenching limitations using a mixture of fluorescent and non-

fluorescent molecules, which compete for the available functional groups on the surface. We

first demonstrate the importance of limiting dye-to-dye distance at high area density of func-

tional groups and subsequently establish a set of conditions that ensures a linear correlation

between fluorescent intensity and surface coverage. The potential for absolute measurements is

confirmed by comparison to conventional surface labeling cleavage techniques on centimeter-

scale samples.

The ability to quantitate in situ is a significant advance over the mere detection of the pres-

ence or absence of the desired functional groups. Quantitation allows for the optimization of

the binding capacity of the surface in order to maximize the capture of targets. Additionally,

this method helps to standardize assays that rely on the measurement of fluorescent intensities

(like immunoassays) by eliminating errors due to chip-to-chip surface variability. Finally, this

technique can aid in the assessment of the success and efficiency of surface regeneration strat-

egies for sequential experiments on the same microfluidic chip.

As an application of the optimized fluorescent labeling method, we present a detailed char-

acterization of mono- and trialkoxyaminosilane layers deposited by a simple vapor-based batch

process inside assembled microfluidic devices. Although in this study we have used vapor
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deposition of aminosilanes, the described principles can also be amended for flow through

liquid silanization procedures and for other coupling agents and a wide range of other func-

tional groups.

II. MATERIALS AND METHODS

A. Chemicals

3-aminopropyl trimethoxysilane (APTMS) and 3-aminopropyl dimethylmethoxysilane

(APDMMS) were purchased from Sigma-Aldrich, Steinheim, Germany. Alexa Fluor
VR

555 car-

boxylic acid, succinimidyl ester (AF555-NHS-ester) was obtained from Invitrogen GmbH,

Darmstadt, Germany. EZ-Link
VR

sulfosuccinimidyl 6-(biotinamido) hexanoate (sulfo-NHS-biotin)

was purchased from Pierce Biotechnology, Rockford, USA. Sulfuric acid (97%), ethanol

(99.9%), and sodium hydroxide (NaOH) solution (1M) were obtained from Merck, Darmstadt,

Germany. 4-(2-Hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) and sodium phosphate

buffer (PBS, 10� concentrated) were purchased from Carl Roth, Karlsruhe, Germany. Hydrogen

peroxide (30% w/v) was obtained from Fisher Scientific GmbH, Schwerte, Germany. Water was

purified in TKA MicroPure Ultra Pure Water System produced by Thermo Fisher Scientific,

Niederelbert, Germany. Borofloat wafers 4 in. (100 mm � 0.5 mm) were obtained from Plan

Optik, Elsoff, Germany.

B. Microchannel fabrication

Microfluidic devices with three separate channels were fabricated using conventional

microfabrication techniques. A schematic of the microchannel cross-section and a top-side

optical micrograph are shown in Fig. 1. Briefly, 75 lm wide and 66 lm deep channels were fab-

ricated using 4 in. h100i silicon wafers using lithographic patterning, deep reactive ion etching

(DRIE), anodic bonding to a plain borofloat wafer and DRIE from the backside to create in-

and outlet holes. Devices with channels of both 66 lm and 700 nm depth on the same chip

were fabricated similarly by first patterning the shallow channels using photolithography and

RIE followed by patterning the deep channels using photolithography and DRIE.

C. Surface modification of bonded silicon/glass microfluidic channels

Vapor phase deposition of APTMS was performed using microchannel devices that had

been treated for 10 min with atmospheric plasma to clean the external surfaces.

FIG. 1. Cross section schematic (a) and bright field image (b) of a microchannel device with channel width of 75 lm and

channel height of 66 lm.

026503-3 Wang et al. Biomicrofluidics 7, 026503 (2013)



� To avoid trace amount of water, the transfer of 3 ll APTMS into 10 ml vials was conducted in

an argon filled glove bag, Carl Roth, Karlsruhe, Germany.

The capped glass vials were then incubated at 80 �C under argon for 16 h. Afterwards, the

devices were removed from the glass vials and connected to a pressure controlled fluidic mani-

fold. All channels were then rinsed thoroughly with ethanol and dried with nitrogen gas. To

maintain an unsilanized reference channel, the inlets of one channel were protected with

Kapton
VR

tape. All tape was removed prior to rinsing with ethanol.

Vapor phase silanization was also performed on borofloat glass slides (ca. 9 mm � 12 mm).

The slides were initially cleaned in piranha solution (2:1 sulfuric acid/hydrogen peroxide) for a

minimum of 30 min. The slides were then thoroughly rinsed with pure water, dried under nitro-

gen gas, and plasma treated for 10 min. To maintain an area of the slides unsilanized, one half

on both sides of the slide was covered with Kapton
VR

tape.

� Caution: piranha solution is a strong oxidizer and is extremely corrosive.

D. Fluorescence labeling of surface functional groups

Fluorescence labeling of amine modified surfaces was performed using Alexa Fluor
VR

555 carboxylic acid succinimidyl ester (AF555-NHS-ester) alone (5 and 10 lM) or with a

mixture of AF555-NHS-ester and EZ-Link
VR

sulfosuccinimidyl 6-(biotinamido) hexanoate

(sulfo-NHS-biotin) as illustrated in Fig. 2. Mixtures were prepared from the solutions of

AF555-NHS-ester (70-350 lM) and sulfo-NHS-biotin (5-5.5 mM) in 10 mM HEPES buffer at

pH 8.

� It is important to prepare all the solutions fresh to minimize the hydrolysis of the NHS

esters.

F Total solution concentration of NHS esters was kept constant at 5 mM for all the mixtures

while varying the stoichiometry of AF555-NHS-ester and sulfo-NHS-biotin.

The resulting AF555-NHS-ester concentration in each solution mixture ranged from

1.25 lM to 40 lM and the corresponding mole fraction was 0.025% to 0.8%. The silanized

microfluidic channels were labeled by continuously flowing 150 ll of NHS ester solution

through the channel for 60 min at room temperature in a dark room. After labeling, the channels

were rinsed with HEPES buffer and water before drying with nitrogen gas.

� Based on the detection over a wide range of labeling concentrations, we set the standard mix-

ture solution of 2.5 lM AF555-NHS-ester (the mole fraction of 0.025%) and 5 mM sulfo-NHS-

biotin for direct quantification and real-time monitoring.

Functionalized glass slides were also labeled with the same concentrations of AF555-NHS-

ester and sulfo-NHS-biotin. Slides were sandwiched between two glass coverslips with 30 ll of

solution covering each side and incubated at room temperature for 60 min. The slides were then

rinsed with water and dried with nitrogen gas.

FIG. 2. Reaction schematic for covalent attachment of NHS-based molecules to silicon and glass substrates. (a) Vapor

phase deposition of APTMS; (b) amine coupling of AF-NHS-ester (R1¼Alexa Fluor
VR

555; R2¼H) and/or sulfo-NHS-bio-

tin (R1¼LC-biotin; R2¼ -SO3
�).
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E. Fluorescence imaging and intensity measurement

All fluorescence experiments were conducted in microfluidic channels under buffer flow

unless otherwise specified. The device was mounted onto an inverted microscope (Zeiss Axio

Observer D1m, Germany) with a 10�, 0.2 NA objective and fluorescence images were captured

with a CCD camera (Andor Clara, Andor Technology, N. Ireland). Alexa Fluor
VR

555 was

excited at 537 6 25 nm and the emission was observed at 610 6 96 nm (Zeiss filter set 75 HE

489075). Controlled fluid flow was achieved by pressurizing the headspace of sealed autosam-

pler vials. Fluorescence images were acquired with an exposure time of 1 s. Fluorescence inten-

sity of each channel was analyzed with Image J (National Institute of Health, USA). Each

experimental condition was performed in triplicate. Non-specific adsorption of AF555-NHS-

ester was controlled by simultaneously monitoring the fluorescence in reference channels. The

intensity from the reference channel was used as background and subtracted from fluorescence

measurements of the other channels in the same image.

Fluorescence intensity measurements were calibrated using known AF555-NHS-ester con-

centrations in a microfluidic channel of defined depth. All molecules within the channel are

assumed to contribute equally to the fluorescence signal due to the large depth of field of the

10� microscope objective used.

F. Fluorospectrometer measurements

A NanoDrop 3300 fluorospectrometer (Thermo Fisher Scientific GmbH, Germany) was used

to measure the concentration of fluorescent molecules cleaved from borofloat glass slides. To

remove bound fluorophores from the surface, the slides were incubated at room temperature in

60ll of 0.1 M NaOH. In addition, the fluorophore concentrations were calibrated with known

AF555-NHS-ester concentrations in 0.1 M NaOH solution. Fluorescence emission was measured

using the white light-emitting diode (LED) excitation source (500-680 nm) of the NanoDrop with

emission monitored at 565 nm.

G. Surface stability measurements

Microfluidic channels were silanized with APTMS as described earlier and labeled with the

standard mixture of 2.5 lM AF555-NHS-ester and 5 mM sulfo-NHS-biotin. The samples were

then exposed to various conditions including 0.1 M NaOH solution, water, and PBS buffer

(pH 7.4). Each solution was tested in a separate channel. Channels were exposed for six 10 min

intervals with each solution, and between each interval the solutions were changed to HEPES

buffer for fluorescence imaging. All images were acquired at 1 s exposure time on the CCD.

Each condition was tested for a total of 60 min. All experiments were done in triplicate, and

the relative fluorescent intensities were normalized by the starting intensity.

H. X-ray photoelectron spectroscopy analysis

Surface characterization was performed on open silicon substrates using a PHI 5500 Multi-

Technique X-ray photoelectron spectrometer system from Perkin-Elmer equipped with a Mg K

X-ray source with energy of 1253.6 eV. The elemental composition of samples was obtained

from survey spectra, collected at pass energy of 187.85 eV.

III. RESULTS

A. Elimination of self-quenching for fluorescence quantification of surface amine

groups

Initially, to validate the success of silanization in the microchannel, we labeled the surface

with a pure solution of AF555-NHS-ester (Fig. 3(a)). The fluorescence intensity measured

for labeling concentrations of 5 and 10 lM showed no change, suggesting that surface satura-

tion had been reached. Interestingly, under constant illumination it was observed that the
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fluorescence intensity rose for the first �500 s before exhibiting a continual decrease. This

behaviour may be attributed to the combination of self-quenching and photobleaching.

In general, self-quenching of closely packed fluorescent molecules poses an important chal-

lenge for the accurate quantification of surface coverage.34 We have explored the potential to

mitigate self-quenching by controlling the distance between immobilized fluorescent molecules.

To achieve this, a non-fluorescent competitor, sulfo-NHS-biotin, was introduced into the

AF555-NHS-ester solution to dilute the surface concentration of fluorescent molecules.

Although our work does not make use of the functionality of biotin, sulfo-NHS-biotin was

selected for its similar size, good solubility, and expected similar reaction kinetics comparable

with AF555-NHS-ester. In order to simplify the quantification of the bound molecules it is con-

venient to choose a competitor with the same coupling chemistry as the fluorescent label. In

addition, if the rate of binding is reaction rather than diffusion limited, this ensures that the

amount of bound species will only depend on their relative concentrations in solution and

differences in molecular weight will have a minor effect. This condition of reaction limited

binding is easily fulfilled for the coupling of NHS-ester to reactive amine groups, as experimen-

tally determined under similar pH and temperature conditions.35–37

The effect of limiting the fluorescent labeling density was observed by comparing the bright-

ness of the three channels in Fig. 3(c). The left channel was labeled using a solution of 5 lM

AF555-NHS-ester in a background of 5 mM sulfo-NHS-biotin, while both the middle channel

and the unsilanized right reference channel were exposed to 5 lM AF555-NHS-ester alone.

Fluorescence in the unsilanized reference channel remained unchanged after incubation of

AF555-NHS-ester alone, indicating that non-specific adsorption was below the detection limit. At

the initial point of exposure, higher intensities were observed in the sparsely labeled left channel

compared to the middle channel. This relationship then reverses after prolonged illumination

(supplementary Fig. S-1),46 indicating that under heavy labeling conditions quenching is present.

Time course measurements of fluorescent intensity for various AF555-NHS-ester and sulfo-

NHS-biotin concentration ratios are shown in Fig. 3(b). The total concentration of both species

FIG. 3. Fluorescent intensity profiles and concentration tables for microchannels immobilized with (a) AF555-NHS-ester

alone and (b) mixtures of AF555-NHS-ester and sulfo-NHS-LC-biotin. Solid lines represent the least squares fits according

to Eq. (1). Non-monotonic fluorescence signal traces observed on the densely labeled surface within the first 500 s are due

to the opposing effects of self-quenching and photobleaching. (c) Fluorescent image at time zero of three microchannels

silanized and labeled with AF555-NHS-ester (5 lM) and sulfo-NHS-LC-biotin (5 mM) (left); silanized and labeled with

AF555-NHS-ester (5 lM) alone (middle); unsilanized and labeled with AF555-NHS-ester (5 lM) alone (right).
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was maintained at 5 mM to minimize potential differences in labeling efficiency. The fluores-

cence intensity decreases monotonically with illumination time at low concentration ratios of

AF555-NHS-ester (0.025% to 0.1%). However, for higher ratios (�0.2%), a similar trajectory

to Fig. 3(a) can be observed and this non-monotonic behaviour becomes more evident as the

concentration of AF555-NHS-ester increases.

Fluorescence intensity as a function of time can be well fitted with Eq. (1)

I ¼ A1e�t=sph1 þ A2e�t=sph2

� �
ð1� A3e�t=sdequenchÞ: (1)

Here, the first factor refers to the photobleaching intensity decay with time constants sph1 and

sph2. Two time constants are included, since photobleaching is sensitive to the chemical envi-

ronment of the dye and has been seen to follow multi-exponential behavior, particularly in the

case of bound molecules.38–41 The second factor represents the decrease in intensity due to the

fraction (A3) of quenched fluorophores that leave their quenched state with time constant

sdequench. Fits to our experimental data using this equation showed that for fluorophore concen-

trations lower than 3.5 lM, A3¼ 0, whereas for higher dye concentrations A3 6¼ 0 (supplemen-

tary Table S-I),46 within the error of the fit. The fitted results are depicted as continuous lines

in Fig. 3(b), and the related parameters and corresponding fit errors and R2 values are provided

in the supplementary material (Tables S-I and S-II).46 It is interesting to note that the fits show

a dependence of the time constants, in particular sph2, on the bound fluorophore density. This

may be due to differences in the microenvironment at different surface coverage. The mecha-

nisms behind self-quenching, in general, are complex and highly system-dependent33 and the

exact nature of the bound fluorophore’s quenched state was not investigated further in this

study. In the absence of self-quenching, the fluorescence signal increases in direct proportion to

fluorophore surface coverage (Fig. 4(a)). The small deviations from linearity are likely due to

variations in concentration during preparation caused by hydrolysis. In contrast, the fluorescence

intensity of surfaces labeled with mixture solutions that have larger fluorophore fractions devi-

ate significantly from linearity (supplementary Fig. S-2).46

Fluorescence intensity as a function of fluorophore concentration was calibrated using solu-

tions of known AF555-NHS-ester concentrations inside the microchannels (Fig. 4(a) inset).

Using this calibration, the measured density of AF555 molecules on the surface, rAF,measured,

was obtained and the total area density of amine groups, rtotal,measured, was then calculated

using

rtotal;measured ¼
rAF;measured � ðcAF þ cbiotinÞ

cAF
; (2)

where cAF and cbiotin are the labeling concentrations of AF555-NHS-ester and sulfo-NHS-bio-

tin, respectively. This equation assumes that since both species undergo the same chemical

reaction and their binding rate is reaction limited, therefore the amount of each bound species

is well approximated by the relative concentrations of ligands in solution. A correction for

the case where the two ligands have different binding kinetics is given in the supplementary

material.46 Using Eq. (2), an average amine coverage of 55 6 9 pmol/mm2 was obtained. This

result was independent of the exact ratio of AF-NHS-ester and sulfo-NHS-biotin for mixtures

in the range cAF¼ 1.25 lM to cAF¼ 3.5 lM (Fig. 4(b)). Similar results were obtained when

the experiment was conducted in nanofluidic channels with 700 nm height. Interestingly, it

has been reported that the detected emission intensity can indeed be enhanced by more than

two-fold in channels that approach 200 nm or below in both width and depth,42 and research-

ers considering fluorescence quantitation in such channels should be mindful of this

phenomenon.

The measured surface coverage is consistent with the reported amine density (3–50 pmol/mm2)

for an open silicon surface measured after cleavage of labeled molecules with UV/VIS detec-

tion.43,44 In contrast, by labeling with fluorescent AF555-NHS-ester alone, initial intensities would
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only correspond to 0.12 to 0.15 pmol/mm2-values that are at least an order of magnitude less than

the true surface coverage. To further corroborate the reliability of our quantification method, we

also performed vapor phase APTMS silanization on open borofloat glass slides (�240 mm2) and

quantified the surface coverage again by cleaving the labeled molecules and detecting with a fluo-

rospectrometer. The total calculated surface coverage of 63 6 21 pmol/mm2 is consistent with our

microscopy-based measurements of labeled surfaces inside the microchannels. Here, the measured

surface coverage represents the effective number of accessible reactive sites only, while some of

the amine groups embedded in the aminosilane multilayer are inaccessible to surface labeling.

B. Surface stability monitoring

The stability of amine functionalized microchannel surfaces under different solution

conditions was monitored using real-time fluorescence imaging. The microchannels

were labeled with the standard mixture of 2.5 lM AF555-NHS-ester and 5 mM sulfo-

NHS-LC-biotin and then continuously rinsed with the buffer solution. Fig. 5 shows the

fluorescence intensity change of labeled amine modified surfaces for the conditions of

1� PBS (pH 7.4), pure water, and 0.1M NaOH (pH 13). The fluorescence intensity remains

FIG. 4. (a) Fluorescence intensity and the corresponding surface coverage of different AF555-NHS-ester concentrations

resulting from the competitive surface reaction. (Inset) Calibration plot of fluorescence intensity versus concentration. (b)

Calculated total surface coverage of the microchannels using Eq. (2). Error bars indicate 61 standard deviation calculated

from triplicate experiments.
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stable for both PBS and water but decreases quickly in the presence of 0.1M NaOH with a

half-life of �16 min.

In addition, we characterized identically prepared open silicon surfaces with XPS. Table I

shows the relative chemical composition of the APTMS modified substrates after incubation in

different solutions and representative survey spectra are shown in Fig. S-3 in the supplementary

material.46 Initially, plasma treated surfaces resulted in 50.5 atomic percent (at. %) oxygen

from the oxide layer. At the same time, 24.5 at. % silicon was present, along with 24.8 at. %

carbon and negligible nitrogen. Surfaces functionalized with APTMS and incubated one hour in

PBS resulted in a significant increase in nitrogen to 1.5 at. % with an uncertainty of 60.2 at. %

(error estimated from background on clean silicon surfaces). Surfaces treated with 0.1M NaOH

solution for 60 min resulted in a substantial decrease in nitrogen content (0.1 at. %). As elemen-

tal nitrogen can be present only on the aminosilane deposited surfaces (Fig. 2), the nitrogen

composition is here used as indicator for amine groups. The results verify the stability of the

surface bound amine groups in PBS as well as their instability in the basic NaOH solution.

Furthermore, these results also confirm that the decrease in fluorescence intensity for surfaces

exposed to NaOH (Fig. 5) can be attributed to a degradation of the silane layer itself and not to

the loss of fluorophore emission.

C. Quantification of vapor deposited monoalkoxyaminosilane

The utility of our method was further demonstrated by comparing aminosilane surface

coverage of APTMS and APDMMS. Monoalkoxysilanes have the advantage of uniformity as

they form a self-assembled monolayer on glass surfaces.45 The surface coverage was quantified

using the standard labeling condition identical to those used in the stability tests. Our result

shows that APDMMS modified surface has 75% less accessible amine groups bound compared

to the APTMS surface (Fig. 6).

FIG. 5. Time-dependent stability measurements of APTMS modified surface rinsed with PBS buffer with pH 7.4 (�), pure

water (�), and 0.1 M NaOH (�). Measurements were taken by temporarily changing the solution in the channels to

HEPES buffer at pH 8. Error bars indicate 61 standard deviation calculated from triplicate experiments.

TABLE I. XPS atomic concentrations of APTMS modified surfaces after incubation in different solutions. Atomic concen-

trations of nitrogen were used to indicate the presence of amine functional groups. The error in N (at. %) is estimated at

0.2 at. % based on the background of non-functionalized, plasma treated silicon surfaces.

Surface O (at. %) N (at. %) C (at. %) Si (at. %)

Si plasma treated 50.5 0.2 24.8 24.5

Si-APTMS, PBS incubation 41.5 1.5 34.1 22.9

Si-APTMS, NaOH incubation 17.5 0.1 22.4 60.0
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IV. CONCLUSIONS

Here, a simple and robust method was developed to allow quantitation of surface functional

groups in closed micro and nanofluidic systems by fluorescence imaging. Fluorescence quench-

ing at a high density of functional groups is avoided by a competitive labeling scheme which

provides a linear relationship between fluorescence intensity and surface coverage. Within the

linear range, the estimated silane coverage is insensitive to the exact concentration of fluores-

cent and non-fluorescent molecules and only requires precise control of the ratio. Furthermore,

the method can be readily used to monitor surface stability in real-time. While one limitation

of the method is the need for permanent chemical modification of the surface, choice of an

appropriate competitor, such as NHS-biotin, in principle allows further derivatization without

prior regeneration. Alternatively, a dedicated channel for characterization could be added to

microfluidic devices to conduct representative measurements in batch modifications. The meth-

ods developed here are applicable to any silicon/glass based micro and nanofluidic system and

could be expanded to silanes with different functionalities without the need of any specialized

equipment.
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